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Polymer Reptation and Nucleosome Repositioning
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We consider how beads can diffuse along a chain that wraps them, without becoming displaced from
the chain; our proposed mechanism is analogous to the reptation of “stored length” in more familiar
situations of polymer dynamics. The problem arises in the case of globular aggregates of proteins (his-
tones) that are wound by DNA in the chromosomes of plants and animals; these beads (nucleosomes) are
multiply wrapped and yet are able to reposition themselves over long distances, while remaining bound
by the DNA chain.
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The organization of DNA in chromosomes is still poorly
understood except on the level of primary structure. In
particular, it has been known for 25 years now that the ba-
sic unit of chromatin —the nucleosome—consists of DNA
wrapped almost two times around a globular octamer of
cationic proteins (histones) about 100 Å in diameter; typi-
cal “linker” lengths of DNA chain in between successive
nucleosomes are also of order 100 Å [1]. The higher-
order “folding” of this beads-on-a-chain motif, into suc-
cessive secondary and tertiary structures on scales from
hundreds of angstroms to microns, is yet to be elucidated,
even though it is clearly of fundamental importance for
understanding a host of biological processes ranging from
gene expression to cell division. While the individual
nucleosome structures are now documented in exquisite
detail, largely from high-resolution x-ray analyses [2],
relatively little is known about their dynamics. Many
studies have established that RNA polymerases can act
“through” a nucleosome [3], in the sense that transcription
occurs involving histone-wrapped DNA sequences. Con-
troversy remains concerning the extent to which DNA is
displaced from the histones as the polymerase acts; e.g.,
does it form intranucleosomal loops or does it dissociate
completely [4]?

Recent in vitro experiments have addressed a related
question which involves a simpler aspect of nucleosome
dynamics. Specifically, polymerases (and all other proteins
other than the histones comprising the core octamer) are
absent and one studies directly the mobility of a “naked”
nucleosome along the DNA chain that wraps it. One takes
advantage of the fact that different nucleosome positions
in the chain give rise to different electrophoretic mobilities
[5] and that the motion of the nucleosome along the chain
can be suppressed by subphysiological temperatures or
ionic strengths, and by the presence of Mg21 [6]. Nucleo-
somes are prepared on DNAs that are a few hundred base
pairs (bps) in length (a few nucleosome lengths). The (ap-
parently) equilibrium distribution of positioning isomers
that is initially created is separated by an initial dimension
of gel electrophoresis in conditions where mobility is sup-
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pressed. An entire track from such a gel is excised, incu-
bated for some period of time in new conditions where
mobility may occur, then changed back to conditions
where mobility is suppressed again, and run in a second,
equivalent, dimension of gel electrophoresis. Essen-
tially, the first dimension of electrophoresis creates a
nonequilibrium distribution; this may relax during the
subsequent incubation, which in turn will be manifest as
product moving off the diagonal in the second dimension
of electrophoresis. In this way one time resolves the
motion of nucleosomes from an initial site to a set of final
positions and is able to demonstrate that these motions
occur without the nucleosome becoming unbound from
the DNA chain [6]. Furthermore, it is significant that
the in vitro repositioning is a passive process involving
nothing more than equilibrium fluctuations, as opposed to
the ATP-driven enzymatic processes involved in vivo [7].

In this Letter we argue that the repositioning of nu-
cleosomes without dissociation from the DNA chain that
wraps them can be understood through the diffusional
motion of intranucleosomal loops. This biological process
is closely analogous to the now-familiar physical situation
of reptation of “stored length” in polymer chains. Almost
30 years ago de Gennes [8] discussed the motion of a flex-
ible chain trapped in a gel, modeled by a matrix of point,
fixed, obstacles that could not be crossed by the polymer.
Figure 1 depicts schematically the mechanism whereby
diffusion of these “defects” of stored length �b� gives rise
to overall translation of the chain; specifically, when the
loop moves through the monomer at B, this monomer is
displaced by a distance b. In our present situation the
reptation dynamics do not arise from obstacles due to a
host matrix (as in a gel) or to other chains (as in a melt),
but rather to loops associated with unsaturated adsorption
of the DNA on the protein complex. Similar physics
appears to arise in the lateral displacements of a linear
polymer adsorbed on a bulk solid surface. Sukhishvili
et al. [9], for example, have measured the translational
motion of adsorbed polyethylene glycol (PEG) on func-
tionalized (hydrophobic) silica. They explained the
© 2001 The American Physical Society
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FIG. 1. The de Gennes–Edwards mechanism of translational
motion of trapped chains via diffusion of “stored length defects”;
the monomer at B moves by an amount b when the loop passes
through it.

observed center-of-mass diffusion by “slack between
sticking points,” so that lateral motion of the polymer pro-
ceeds via a caterpillarlike diffusion of chain loops. In the
case of intranucleosomal loops considered in the present
paper, we are essentially in the limit of infinite molecular
weight, because of the chain length being large compared
to the bead (solid substrate) diameter. Furthermore, we
deal with a lower dimensional problem, since our chain is
wrapped (absorbed) on a 1D path rather than a 2D surface.
But the basic features of loop formation and diffusion and
subsequent motion of the overall chain — in particular, the
exclusive role of equilibrium fluctuations in driving these
processes — are the same in both cases.

As shown in earlier studies of competitive protein bind-
ing to nucleosomal DNA [10], thermal fluctuations lead
to lengths of the chain becoming unwrapped at the ends
of its adsorbed portion. If some length of linker is pulled
in before the chain readsorbs, then an intranucleosomal
loop is formed —see Fig. 2. We calculate first the equi-
librium shape and length distribution of these loops. We
then consider the diffusion of these loops from one end
of the nucleosome to the other. Finally, treating this mo-
tion as the elementary step in the diffusion of the nucleo-
some itself along the wrapping chain, we are able to make
estimates of the nucleosome repositioning rates. These es-
timates are consistent with measured rates [5,6] and sug-
gest several new experiments for testing this mechanism
of repositioning.

We start by calculating the equilibrium statistical me-
chanical probability associated with the formation of an
intranucleosomal loop of arbitrary size. When no loops
are present, a nucleosome consists of a length L0 of DNA
(chain) wrapped continuously around the histone octamer
(ball); see Fig. 2(a). In reality, the configuration of the ad-
sorbed chain is a superhelix (of contour length L0) span-
ning the full height of a right-circular cylinder. The length
(147 bps [2]) and shape of the wrapped anionic chain
are determined by the particular distribution of cationic
charges on the octamer surface. Furthermore, the strongest
adsorption —“sticking”—sites correspond to those points
FIG. 2. (a) Top view, looking down the histone octamer’s
cylinder axis, showing the DNA chain beginning its wrapping
of the cylinder’s surface; the remaining 3

4 turn lies below the
chain shown. (b) Loop formation involving length DL of linker
chain being incorporated into the nucleosome, with length L�

of the “exposed” surface. r and u are the polar coordinates of
an arbitrary position on the loop; 1u� and 2u� correspond to
the points where the loop joins the surface.

where the minor groove of the DNA is facing inward to-
ward the protein surface; accordingly they are separated
by the helical pitch ��10 bps�. We can proceed, however,
without making any explicit assumptions about the shapes
of either the histone octamer or the wrapped DNA.

Consider a fluctuation in which some length of the chain
becomes unwrapped (this can happen only at the end of
the adsorbed portion of chain) and simultaneously some
length, say DL, of linker (i.e., previously unadsorbed
chain) is “pulled in” before the chain readsorbs. Upon
readsorption we are back to where we started if DL � 0,
but for nonvanishing DL the fluctuation results in a loop
of contour length L� 1 DL being formed; here L� is the
“exposed” length of nucleosome associated with the loop;
see Fig. 2(b). We consider DL values that are multiples
of 10 bp lengths, since this is the periodicity of the DNA
helical pitch (see above). For the energy associated with
forming a loop of this kind, we can write

DU �
k

2

Z L�1DL

0

ds
R2�s�

1

µ
l 2

k

2R2
0

∂
L�, (1)

where k � lPkBT is the 1D bending elastic constant of
the semiflexible chain (persistence length lP), l is the ad-
sorption energy per unit length, R0 is the radius of the ball,
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and 1�R�s� is the local curvature of the loop at distance s
along its contour.

Since the configurations of small loops can be assumed
to be planar, it is convenient to describe them in terms of
the function r�u�—cf. Fig. 2(b)—where r and u are the
polar coordinates of an arbitrary point on the loop (with
the origin chosen at the ball center, with the X axis run-
ning through the center of the loop, assumed asymmet-
ric). The loop curvature is given by 1�R � jr 00r 2 2r 02 2

r2j��r2 1 r 02�3�2, with primes and double primes denot-
ing the first and second derivatives, respectively, with re-
spect to u. Upon writing r�u� � R0 1 u�u� and keeping
only through quadratic terms in u and its derivatives (u
is assumed to be small compared to R0 [11]), DU fol-
lows as an explicit functional of u. We then minimize this
functional with respect to u�u�, subject to the constraint
that the loop contour length (another functional of u) is
L� 1 DL. This leads to a Euler-Lagrange equation of the
form u�4� 1 �5�2 1 TR2

0�k�u�2� 1 u � 0. Here u�n� de-
notes the nth derivative of u with respect to u, and T is the
Lagrange multiplier that constrains an extra length DL to
be adsorbed as the loop is formed. The relevant boundary
conditions are that u be symmetric about u � 0 and that
u and its first derivative vanish at the “boundaries,” i.e., at
u � u� �� L��2R0� and u � 2u�.

Solving the corresponding Euler-Lagrange equation
subject to the above constraint and boundary conditions
gives us the trajectory u�u� of the loop for a given L�

and DL. Substituting this result into DU, and minimizing
with respect to L�, gives

L� �
µ

20p4k

lR2
0

∂1�6µ
DL
R0
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R0 , (2a)

from which it follows in turn that
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(2b)

The probability distribution for formation of loops of size
DL, then, is simply given by the corresponding Boltzmann
factor, normalized so that the number of loops for DU
vanishing would be the maximum that is geometrically
possible, i.e., L0�L�: neq�DL� � L0�L� exp�2DU�kBT �
(note that the prefactor accounts for the entropy of the loop
positions).

Now, what about the loop dynamics? The key idea here
is that diffusion of the histone octamer along the DNA
is achieved by formation and annihilation of loops. Let
D denote the diffusion constant relevant to this motion of
the ball along the chain, and let B � 1�T be the rate at
which loops are formed (by incorporation of linker length);
D � B�DL�2. These loops “disappear” due to their diffu-
sion “off” the ball. As we show a posteriori the lifetime
t � 1�A of a loop is much shorter than the average time T
required to form one loop; i.e., t ø T . Thus the average
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number of loops is given by t�T � B�A. At equilibrium
this number is given by the Boltzmann expression for neq.
Since this number is shown below to be much smaller than
unity, we are justified in assuming that only one loop at a
time needs to be considered in treating the diffusion of
intranucleosomal loops. Hence B, the rate of loop forma-
tion, is given by B � Aneq � A�L0�L�� exp�2DU�kBT �,
and D by B�DL�2.

It remains only to evaluate A, characterizing the rate of
diffusion of loops off a ball. Let D1 denote the diffusion
constant associated with this motion. Since the distance
which the loop must move to leave the ball is L0, the to-
tal length of adsorbed chain, we can write A21 � L2

0�D1.
From the Stokes-Einstein relation we have furthermore that
D1 � kBT�z , where z � hL� is the friction coefficient,
with h the effective solution viscosity. L�, as before, is
the exposed length of ball associated with the loop and
hence provides the loop size relevant to its diffusion along
the (1D) nucleosome path of the chain. Our estimation
of z by z � hL� is based on two assumptions: (i) The
loop diffusion is governed by its Brownian motion through
the fluid and not by the unbinding/rebinding events of the
sticking sites. (ii) A loop (with a given stored length DL)
has a well-defined size L�. The hydrodynamic analysis
[i.e., assumption (i)] is justified because each loop diffu-
sion step requires unbinding of only a single sticking site,
whose binding energy is of order kBT (see below). Even
though this binding energy is rather weak, the concept of
a loop with a well-defined size L� is justified. It can be
shown (see below) that the length of a loop on a nucleo-
some shows only small deviations from its optimal value.
Combining all of the results from this and the preceding
paragraph then gives

D �
kBT
hL0

µ
DL
L�

∂2

exp�2DU�kBT � , (3)

with L� given by Eq. (2a).
Recalling our earlier expressions [cf. (2a),(2b)] for

L��DL� and DU�DL� and taking reasonable numerical
estimates for h (a centipoise), R0 �50 Å�, L0 �500 Å�, k

�500kBT Å� [12], and l ��1�20�kBT�Å�, i.e., 2kBT per
sticking site [1,10], we find that D is of order 10212 cm2�s
for DL � 10 base pairs �34 Å�. The formation energy
DU associated with this minimum loop size is about
7kBT , and the corresponding number of loops per ball
is negligible compared to one, vindicating our neglect
of loop-loop interactions. Furthermore it follows from
Eq. (1) that the energy DU of a loop as function of its size
L� (for DL � 10 base pairs) is given by DU�L���kBT �
L���20 Å� 1 56 3 1010 Å5��L��5. From the distribution
of loop sizes p�L�� ~ exp�2DU�L���kBT� it follows
that a loop has typical size fluctuations of the order of
30 Å around its optimal value L� � 200 Å. Thus both
assumptions discussed above Eq. (3) are valid at the same
time: The opening of a binding site (a change of L�

by 36 Å) requires only an energy of the order kBT and
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the loop size distribution is sharply peaked around L�.
Note that diffusion coefficients of order 10212 cm2�s
imply times of order seconds for histone octamers to
reposition themselves over distances of order tens of base
pairs. For DL twice (3 times) its minimum value, our
D is 7 (30) times smaller, etc. Thus it appears that the
dominant fluctuations driving the formation and diffusion
of intranucleosomal loops are those involving a minimum
length (10 base pairs, 34 Å) of linker being absorbed.

It is not possible at present to compare our results more
quantitatively with experiment, since the measurements
performed to date all involve 1 h. Shorter incubation times
would be necessary to test our prediction that reposition-
ing takes place on a time scale as short as seconds. In
addition, to test the dependence of rates on DNA/histone
binding energies, for example, one would need to carry out
experiments for a wide range of concentrations of mono-
valent and divalent salts. Since D varies exponentially with
the binding energy l, it is the dependence of l on salt
concentrations that will be most important. For example,
divalent cations (e.g., Mg21) enhance the binding through
screening of the self-repulsions of the wrapped DNA and
thereby suppress the nucleosome repositioning rate, con-
sistent with observations [6]. On the other hand, divalent
cations also compete against proteins for binding to nu-
cleic acids, so they might well destabilize the wrapping of
DNA on the nucleosome. Since this diffusion rate depends
in the usual inverse way on viscosity [Eq. (3)], further
checks can come from measurements in which additives
are used to significantly increase the effective h of the
host aqueous solution.

More direct mechanisms for repositioning, which do not
involve loop formation, can be ruled out by the following
arguments. First, one might imagine a sliding/slipping
motion according to which the chain simply undergoes an
overall translation as it slips about the histone octamer. But
this would require full unbinding of the chain at each step,
and hence as much as tens of kBT , intolerably more energy
than is thermally available. Second, one might imagine a
rolling of the histone octamer; fluctuations lead to unbind-
ing of some length of DNA at one end of the nucleosome
and simultaneously to wrapping of a comparable length at
the other end. While large energies are not required here,
the motion is impossible for geometric reasons —“rolling”
of this kind necessarily involves the chain being pro-
gressively displaced from the octamer complex since the
histone core is a cylinder of finite height (comparable to
its diameter).

A final remark concerns connections between the nu-
cleosome diffusion processes discussed here and the
motion of an ATP-hydrolyzing motor protein such as
RNA polymerase. The typical speed n of such a protein
as it moves along a DNA chain is tens to hundreds
of base pairs per second, i.e., about 1026 cm�s. To
what extent is it slowed down by a nucleosome that
it encounters? Equivalently, what force does it need
to exert on the nucleosome to move it at a speed of
n � 1026 cm�s? The mobility m of the nucleosome is
given in the usual way by D�kBT , with D the diffu-
sion constant calculated earlier. Using our estimate of
10212 cm2�s for D, it follows that the force F � n�m

is of the order of a few tenths of a pN , i.e., small com-
pared to the maximum force that the motor protein can
generate [13]. This suggests that polymerases can move
through a nucleosome without being slowed down by any
“extra” friction; thermal fluctuations suffice to account for
the repositioning of the histone octamer.
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